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PlastoquinoneNon-photochemical (dark) increases in chlorophyll a ﬂuorescence yield associated with non-photochemical re-
duction of redox carriers (Fnpr) have been attributed to the reduction of plastoquinone (PQ) related to cyclic elec-
tron ﬂow (CEF) around photosystem I. In vivo, this rise in ﬂuorescence is associated with activity of the
chloroplast plastoquinone reductase (plastid NAD(P)H:plastoquinone oxidoreductase) complex. In contrast,
this signal measured in isolated thylakoids has been attributed to the activity of the protein gradient
regulation-5 (PGR5)/PGR5-like (PGRL1)-associated CEF pathway. Here, we report a systematic experimentation
on the origin of Fnpr in isolated thylakoids. Addition of NADPH and ferredoxin to isolated spinach thylakoids re-
sulted in the reduction of the PQ pool, but neither its kinetics nor its inhibitor sensitivities matched those of Fnpr.
Notably, Fnpr was more rapid than PQ reduction, and completely insensitive to inhibitors of the PSII QB site and
oxygen evolving complex as well as inhibitors of the cytochrome b6 f complex.We thus conclude that Fnpr in iso-
lated thylakoids is not a result of redox equilibrium with bulk PQ. Redox titrations and ﬂuorescence emission
spectra imply that Fnpr is dependent on the reduction of a low potential redox component (Em about
−340 mV) within photosystem II (PSII), and is likely related to earlier observations of low potential variants
of QA within a subpopulation of PSII that is directly reducible by ferredoxin. The implications of these results
for our understanding of CEF and other photosynthetic processes are discussed.
© 2014 Elsevier B.V. All rights reserved.1. Introduction
Oxygenic photosynthesis involves light-driven electron transfer
reactions that reduce and re-oxidise plastoquinone (PQ), a lipophilic
molecule located within the thylakoid membranes of cyanobacteria
and chloroplasts. These redox reactions are coupled to proton uptake
and release that establish an electrochemical gradient of protons, the
Gibbs energy of which is harnessed to drive the endergonic ATP synthe-
sis reactions of the (C)F1–(C)Fo ATP synthase [1,2].
Electrons participating in the light-dependent reactions of oxygenic
photosynthesis may either follow a linear pathway (linear electron
ﬂow, LEF) from water to NADP+ requiring photosystem I (PSI) and
photosystem II (PSII) to operate in a concerted manner, or by a cyclicthe deactivation reactions of the
ﬂow (around photosystem I);
iphenylene iodonium chloride;
ase associatedwith non-photo-
DP+ reductase; HA, hydroxyl-
ctase; PQ, plastoquinone; PS I,
llin
h Laboratory, Michigan State
0072.electron ﬂow (CEF) pathway around photosystem I (PSI) inwhich ferre-
doxin (Fd) serves to re-reduce the PQ pool without NADPH generation
or water oxidation.
In green plants, LEF translocates six protons per two electrons
(6H+/2e) transferred from water to NADP+, which coupled with an
(C)F1-(C)Fo ATP synthase containing 14 proton-binding c-subunits
(4.67 H+/ATP), generates 2.6 molecules of ATP per 2 molecules of
NADPH. This is insufﬁcient for sustained operation of the Calvin–
Benson–Bassham (CBB) cycle, which requires an ATP:NADPH ratio of
3:2. The CEF pathway has capability to redress this energetic imbalance
[3]. In addition, CEF, via its protonmotive activity, may contribute to the
photoprotective energy-dependent non-photochemical quenching
pathway, qE [4,5].
Despite intensive investigation, the physiological signiﬁcance and
molecular enzymology of CEF remain unclear [6–9]. In higher plants,
there are at least two pathways for CEF that may operate in parallel or
differentially in different tissues or metabolic states [9]. One of these
involves the plastid NAD(P)H:plastoquinone oxidoreductase (NDH)
complex, a homologue of mitochondrial respiratory Complex I [10,11].
A second pathway involves an antimycin A-sensitive PQ reductase
[12–14]. Latterly, this pathway has been proposed to involve the protein
gradient regulation-5 (PGR5) protein, identiﬁed by Munekage et al. [15]
through a mutant screen of Arabidopsis thaliana. PGR5 is a small
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transfer functionality. The PRGL1 protein was found to interact with
PGR5 and be required for CEF activity [16], and this complex has been
proposed [17] to directly act as the plastoquinone reductase in an
in vitro reconstituted system. The relative contributions of these two
pathways to the CEF pathway remain controversial [9,18–21].
Both NDH- and PRG5-associated pathways have been probed using
the chlorophyll ﬂuorescence rise observed after cessation of a period
of steady-state illumination, or, alternatively, as observed on the addi-
tion of Fd and NADPH to osmotically ruptured chloroplast preparations.
This rise has been generally accepted to originate from the non-
photochemical reduction of plastoquinone associated with CEF or
chlororespiration [10,22–26]. Here we refer to this phenomenon as
Fnpr, for ﬂuorescence change associated with non-photochemical
reduction. The Fnpr signal in vivo was successfully used to screen for a
large number of mutants affected in the assembly and activity of the
NDH [7,27,28] establishing a clear link between this signal and the
NDH-associated CEF pathway. Curiously, though, Fnpr in isolated thyla-
koids has largely been ascribed to the activity of the PGR5-associated
PQ reductase, with only smaller contributions from NDH [15,16,29,30],
suggesting that NDH and PGR5 activities are differentially lost upon
thylakoid isolation.
Adding to the uncertainty, it has not yet been established
experimentally that Fnpr signal actually reﬂects the reduction of PQ
under all conditions, and a number of questions have arisen about the
interpretation of Fnpr. It has been noted that the rate of PQ reduction
inferred from Fnpr (which can exhibit a half-time of tens of seconds) is
too slow to be compatible with CEF in vivo [19,23,26], with a CEF
electron transfer turnover rate of 16–20 e− s−1 required during a steady
state LEF rate of 150 e− s−1, assuming an H+/ATP stoichiometry of 4.67
[31]. Only a minor fraction (5–10%) of QA is observed to be reducible on
Fd + NADPH addition in the Fnpr assay, despite a strongly favourable
energetic driving force [32]. Mutation of the gene encoding for the
PGR5 protein affects the amplitude of the Fnpr signal, but does not affect
its half-time, in apparent contradictionwith the proposed role in reduc-
ing bulk plastoquinone [15,29]. Some of the effects of pgr5 can also be
explained by chloroplast ATP synthase activity rather than CEF [18].
To address these open questions, we systematically re-examined
the physical and biochemical basis of the Fnpr in spinach chloroplast
preparations in an attempt to resolve some of the controversies
concerning the applicability of this method to the investigation of CEF.
2. Materials and methods
2.1. Reagents, plant material, Fd puriﬁcation and chloroplast isolation
Reagents were purchased from Sigma-Aldrich (St Louis, MO) unless
otherwise noted. Tridecylstigmatellin was generously supplied by
Prof. Paul O'Neill (University of Liverpool, UK). Spinach was purchased
from a local market.
Spinach Fd was isolated using a modiﬁcation of the method
of Plesnicar and Bendall [33]. Brieﬂy, supernatant from the dialysed
spinach leaf acetone precipitate was applied to a 2.5 × 15 cm DE-
Sepharose FPLC column equilibrated with 25 mM HEPES (pH 7.6). The
column was washed with two volumes of equilibration buffer and the
Fd eluted with a linear ﬁve-column volume 0–0.5 M NaCl gradient in
equilibration buffer at a ﬂow rate of 1.0 ml min−1. All chromatographic
steps were performed at 4 °C. Fd-containing fractions were identiﬁed
visually and concentrated using Amicon ‘Ultra’ centrifugal concentra-
tors (Millipore, 10 kDa cut-off). The Fd was quantitated spectrophoto-
metrically (ε420 = 9.7 mM−1 cm−1[34]) and used without further
puriﬁcation.
Spinach chloroplasts were prepared according to a modiﬁed version
of the procedure of Seigneurin-Berny et al. [35]. Using a domestic
blender, approximately 20 g of leaves was homogenised for 10 s in
ice-cold grinding medium consisting of 50 mM HEPES (pH 7.6),330 mM sorbitol, 5 mM MgCl2, 2 mM EDTA, 10 mM ascorbate
and 0.1% (w/v) BSA. The crude extract was passed through a wetted
ﬁlter consisting of one layer of muslin and a layer of Miracloth prior
to centrifugation at 4000 ×g for 5 min (4 °C). The chloroplast
pellet was resuspended in a minimal volume (b1 ml) of osmotic
lysis buffer (10 mM HEPES, 10 mM MgCl2, pH 7.6) and chlorophyll
quantitated in 80% (v/v) acetone using the method of Inskeep and
Bloom [36].
Hydroxylamine was prepared fresh daily as a 100 mM solution (pH
adjusted to 7.6 with sodium hydroxide) and kept on ice.
2.2. Kinetic spectroﬂuorimetry and the NADPH-linked chlorophyll
ﬂuorescence rise assay
Chlorophyll ﬂuorescence from osmotically ruptured chloroplast
suspensions was measured in a laboratory-constructed kinetic spectro-
ﬂuorometer modiﬁed to use cuvette-based samples with optics and
electronics based on those described elsewhere [37]. Chlorophyll ﬂuo-
rescence was excited by weak pulses of BG-18 ﬁltered (Edmund
Optics, Barrington, NJ) light from a 505 nm LED source (Luxeon).
The measuring pulse frequency was 1 Hz and the intensity
0.1 μmol photons m−2 s−1. Actinic light was provided by a red LED
(620 nm). Far-red ﬂuorescence emission was transmitted through a
RG-9 ﬁlter (Edmund Optics) and measured perpendicularly to the
path of the measuring- and actinic sources.
The Fnpr assay was measured using osmotically ruptured spinach
chloroplasts at a chlorophyll concentration of 20 μg ml−1 in osmotic
lysis buffer (10 mM HEPES, 10 mM MgCl2, pH 7.6), supplemented
with 5 μM spinach Fd. The reaction was initiated by the addition
of 100 μM NADPH, and all measurements were performed at room
temperature (21 °C). DCMU and hydroxylamine, when used, were
present at 10 μM and 1 mM respectively. Hydroxylamine was added
immediately prior to the start of data collection to minimise the possi-
bility of damage to the PSII oxygen evolving complex.
2.3. Redox titration of the NADPH-associated chlorophyll ﬂuorescence rise
Redox titration of the Fnpr in osmotically ruptured spinach
chloroplasts (20 μg Chl ml−1) was performed by manipulation of the
NADPH:NADP+ molar ratio (at a constant NADPH concentration of
100 μM) in lysis buffer supplemented with 5 μM Fd in the kinetic
spectroﬂuorometer setup described above. The redox titration was
performed under aerobic- and anaerobic conditions. Anoxia was
achieved by deoxygenating the lysis buffer (in a 4 ml cuvette sealed
with a silicone septum) with a gentle stream of nitrogen for 10 min
prior to the start of the experiment. The redox titration was performed
under a nitrogen-ﬁlled headspace within the cuvette, with reagents
introduced by a Hamilton syringe. Additionally, glucose (1 mM),
glucose oxidase (1 μg ml−1) and catalase (1 μg ml−1) were included
in the lysis buffer for the redox titration performed under anaerobic
conditions. NADPH and NADP+ were prepared at a nominal
concentration of 100 mM in double distilled water and quantitated
spectrophotometrically (NADPH: ε340 = 6.22 mM−1 cm−1, NADP+:
ε260 = 16.9 mM−1 cm−1) prior to dilution into lysis buffer (pH 7.6) to
form 10 mM working solutions for use in the redox titration. During
the titration, the ambient redox potential (corrected for pH 7.6)
was calculated using the Nernst equation assuming Em,7 (NADPH /
NADP+) =−320 mV.
2.4. FNR activity assay
Spinach FNR activity was measured spectrophometrically as
NADPH-associated Fd:cytochrome c reductase activity at 550minus
542 nm in a laboratory constructed spectrophotometer at 21 °C.
Spinach FNR was purchased from Sigma-Aldrich and used without
further puriﬁcation. The reaction medium consisted of 50 mM
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equine heart cytochrome c and 0.02 units of spinach FNR (approxi-
mately 1.5 μg). The reaction was initiated by the addition of 100 μMFig. 1. (a). Fnpr in osmotically ruptured spinach chloroplasts (20 μg Chl ml−1) in the pres-
ence (red) and absence (blue) of 1 mM hydroxylamine and 10 μM DCMU. The ﬂuores-
cence rise was initiated by the addition of 100 μM NADPH. Saturating actinic pulses
(620 nm) are indicated by ‘SP’ (note that the initial saturating pulse prior to the addition
of NADPHwas not applied in the experiment performed in the absence of HA andDCMU).
The period of illumination by far-red light is indicated by ‘FR on’ and ‘FR off’. Maximalﬂuo-
rescence is indicated by ‘Fm’. The assay buffer consisted of 10 mMHEPES (pH 7.6), 10mM
MgCl2, 5 μM Fd. (b) Normalisation of the Fnpr hyperbola presented in (a). Blue- and
red-kinetic data correspond to the control- and HA/DCMU treated samples respec-
tively. (c) The effect of oxygen on Fnpr in the presence of 1 mM hydroxylamine and
10 μM DCMU. Data are presented for aerobic (red, ambient O2) and anaerobic (black)
conditions. Anoxia was achieved through the use of nitrogen sparging and glucose
oxidase activity in a sealed cuvette, as described in Section 2.3. Other conditions
and treatments are as in Q1(a). The initial saturating pulse is not shown.NADPH, and kinetic datawere collected for 4min. Ratesweremeasured
by straight-line ﬁts to the initial 20 s after NADPH addition, using
ε550–542 = 18.5 mM−1 cm−1[38]. The non-enzymatic rate of cyto-
chrome c reduction in the presence of NADPH and Fd was negligible.
Antimycin A and diphenyleneiodonium chloride (DPI) were prepared
as 10 mM ethanolic- and DMSO stocks respectively.
2.5. Room temperature chlorophyll ﬂuorescence emission spectra
Room temperature (21 °C) chlorophyll ﬂuorescence emission
spectra were obtained using a laboratory-built spectroﬂuorometer con-
structed from a modiﬁed Aminco–Bowman spectrophotoﬂuorometer
ﬁtted with a 1024 pixel Spectrum CCD detector from Acton Research
Corporation (Redmond, WA). The excitation wavelength was 440 nm.
CCD exposure time was set to 20 ms per spectrum, with 128 spectra
collected per frame. 30 frames were collected per experiment with an
8 s delay between frame collections. Spinach chloroplasts were resus-
pended in osmotic lysis buffer at a chlorophyll concentration of
20 μg ml−1. Spinach Fd was present at 5 μM. 100 μM NADPH or 10 μM
DCMU was introduced to the chloroplasts 90 s after the initiation of
data collection as appropriate. Hydroxylamine, when used, was present
at a concentration of 1 mM. Hydroxylamine-containing samples were
illuminated with red light (620 nm, 200 μmol photons m−2 s−1) for
2 s immediately prior to ﬂuorescence emission spectrum collection.
Difference spectra were obtained from the binned averages of four
frames of data (512 individual spectra) recorded before- and 2 min
after NADPH (or DCMU) addition.
2.6. 77 K chlorophyll ﬂuorescence emission spectra
77 K chlorophyll ﬂuorescence spectra were obtained using an Ocean
Optics HR2000 + ES ﬁbre optic spectrometer (Ocean Optics, Dunedin,
FL). The excitation source was a 440 nm 5 mW diode laser (World
Star Tech, Toronto). Osmotically ruptured spinach chloroplasts were
diluted to 4 μg chlorophyll ml−1 in osmotic lysis buffer supplemented
with 5 μM Fd. 250 μl samples of chloroplasts in this assay buffer were
frozen at 77 K in 4 mm internal diameter NMR tubes (Norell) before-
and 2 min after the addition of 100 μM NADPH. Difference spectra
were calculated from the means of four discrete samples before- and
after NADPH addition, with four absolute spectra collected per sample.
Using the SpectraSuite software package (Ocean Optics, Dunedin, FL)
ﬁve scans were averaged per absolute spectrum, using a 100 ms
integration time and 5 pixel boxcar smoothing. Difference spectra
were averaged and normalised to the emission peak at 694 nm using
Kaleidagraph 4.5 (Synergy Software, Reading, PA).
2.7. P700 redox spectrophotometry
P700 redox changes in osmotically ruptured spinach chloroplasts
were monitored in a laboratory-constructed spectrophotometer
utilising a pulsed white LED ﬁltered through a 700 nm bandpass ﬁlter
(10 nm bandwith, Edmund Optics) as the measuring beam source
[37]. Actinic light (75 μmol photons m−2 s−1) was provided by a
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LED situated perpendicularly to the measuring beam.
The assay buffer consisted of osmotic lysis buffer at pH 7.6 supple-
mented with 5 μM spinach Fd, 10 μM DCMU, 1 mM hydroxylamine
and 100 μM NADPH. Chloroplasts were resuspended in this buffer at
40 μg Chl ml−1. All experiments were performed at 21 °C.
3. Results
3.1. Enzymological, spectroscopic and physicochemical properties of the Fnpr
3.1.1. Chlorophyll ﬂuorescence rise on Fd+ NADPH addition in osmotically
ruptured chloroplasts
Fig. 1(a) presents the characteristic Fnpr signal using osmotically
ruptured spinach chloroplasts in the presence of 5 μM spinach Fd on
addition of 100 μM NADPH. Chlorophyll ﬂuorescence was measured
using a weak LED source pulsed with a 1 Hz pulse frequency, 20 μs
pulse duration, maximal LED emission at 505 nm, ﬁltered through a
BG18 blue-green glass ﬁlter (Edmund Optics, Inc.), with integrated
intensity less than 0.1 μmol photons m−2 s−1. The chloroplasts were
osmotically lysed in situ in an aerobic reaction buffer consisting of
10 mM HEPES, 10 mM MgCl2, pH 7.6. The half-time of the Fnpr was
approximately 20 s (corresponding to an apparent ﬁrst-order rate
constant of approximately 0.035 s−1), reaching a maximum level of
ﬂuorescence which was 15% of that observed following a saturating
actinic pulse (620 nm, 5000 μmol photons m−2 s−1, 400 ms duration).
No increase in chlorophyll ﬂuorescence was observed when experi-
ments were performed in the absence of either Fd or NADPH (Fig. S1),
in accordance with earlier investigations [22,24]. The kinetics of the
NADPH/Fd-dependent Fnpr presented in this study are similar those
observed by others in spinach and A. thaliana chloroplast preparations
[15,22,24,29], with a half-time of approximately 20 s, corresponding
to a ﬁrst order rate constant of approximately 0.035 s−1. A variability
of approximately ±5 s was observed in this half-time between chloro-
plast preparations from different batches of spinach, which presumably
arises from variability in the age, growth- and storage conditions of the
harvested material. It should be noted that the amplitude of the Fnpr
signal when compared to that of maximal ﬂuorescence yield achieved
during a saturating actinic pulse (Fm), suggests that this phenomenon
is associated with a minor fraction of PSII; i.e. the bulk of the population
of QAwas not reduced on NADPH + Fd addition.
Application of far-red illumination (740 nm, 50 μmol photons
m−2 s−1) led to quenching the NADPH-induced ﬂuorescence, which
recovered to the original level upon removal of the far-red excitation
with recovery kinetics identical to that observed for the initial ﬂuores-
cence rise. The kinetics for the far-red quenching exhibited a half-time
of approximately 5 s. Importantly, essentially identical ﬂuorescence
quenching- and recovery phenomenology were observed using red
(620 nm) illumination (Fig. 1(a)), indicating that the effects were not
related to oxidation of PQ by PSI (see also below).
The role of bulk plastoquinone (PQ) in Fnpr was then investigated in
the presence of hydroxylamine (HA, 1 mM) and DCMU (10 μM), condi-
tions under which PSII-associated variable ﬂuorescence and redox
equilibration between QA and the bulk PQ pool should be eliminated.
Hydroxylamine rapidly reduces the oxygen evolving complex (OEC) to
the S1 state, with prolonged incubation resulting in super-reduction
(S b 0) and subsequent manganese loss. QA−/S1 charge recombination
is energetically unfavourable, greatly delaying the quenching of variable
ﬂuorescence following a saturating actinic pulse [39–41]. Osmotically-
lysed chloroplasts were illuminated with a pulse of red light
(5000 μmol photons m−2 s−1 for 400 ms) after HA/DCMU addition to
ensure accumulation of QA− prior to the addition of 100 μM NADPH.
In the presence of Fd, addition of NADPH resulted in a 1.3-fold increase
in chlorophyll ﬂuorescence yield, above the level of Fm obtained by the
saturating pulse in the absence of HA/DCMU. The kinetics of the rise
were similar to that observed in the absence of HA/DCMU, with a half-time of approximately 20 s. Further application of saturating pulses
(620 nm, 5000 μmol photons m−2 s−1) resulted in a rapid quenching
of the NADPH-induced ﬂuorescence to the initial (light-induced) Fm
level the HA/DCMU treated sample, which then recovered with kinetics
similar to that for the initial NADPH-induced rise (Fig. 1(a)). For com-
parison purposes, normalised Fnpr data from Fig. 1(a) are presented in
Fig. 1(b). The initial slope of the HA/DCMU-treated sample is 85% of
that of the untreated control. A very small degree of sigmoidicity is
apparent in the untreated sample, which disappears upon addition of
HA/DCMU, presumably reﬂecting the removal of a minor secondary
component of the reaction on HA/DCMU treatment.
It is unlikely that hydroxylamine itself acts as a simple Stern–
Vollmer quencher under the conditions employed here as the value of
Fm obtained by saturating pulse was unchanged in the presence of
1 mM HA compared to the untreated control (Fig. 1(a)).
To control for the effect of irreversible inactivation of the PSII oxygen
evolving complex via manganese loss due to hydroxylamine treatment
[42,43], HAwas added to the lysed chloroplasts in situ immediately prior
to the start of the chlorophyll ﬂuorescence data collection. Increasing the
HA concentration to 5-, 10- and 20 mM respectively in the presence of
10 μM DCMU resulted in the progressive diminishment of the Fnpr such
that the amplitude of the rise observed with 20 mM HA was 35% of
that observed with 1 mM HA (Fig. S2). Fv/Fm in osmotically ruptured
chloroplasts subject to a 60 second wash in 1 mM HA was observed to
be 0.68 ± 0.02 (n = 3), compared to 0.77 ± 0.01 in the untreated
sample, which likely reﬂects loss of OEC function in a small proportion
of centres even under conditions of rapid initiation of the Fnpr
measurements.
The effect of oxygen on the Fnpr signal in the presence of HA and
DCMU is presented in Fig. 1(c). Oxygen may act as an electron sink for
the PQ pool via plastoquinol oxidase (PTOX) activity or undergo one-
electron reduction from reduced Fd, generating superoxide [44,45].
The kinetics of the rise are similar in both anaerobic- and aerobic condi-
tions, although the amplitude of the Fnpr signal is approximately 10%
larger under anaerobic conditions.
3.1.2. Cytochrome b559
The biological role of cytochrome b559, a heterodimeric
haemoprotein of apparently variable redox potential within PSII,
remains enigmatic [46]. To investigate for the participation of this
redox protein in dark, NADPH-dependent processes within PSII, decay-
associated visible absorption spectra were constructed from kinetic
data obtained via absorbance measurements at 540-, 550-, 560-, 566-
and 573 nm upon addition of 100 μM NADPH to osmotically ruptured
spinach chloroplasts in osmotic lysis buffer in the presence of 5 μM Fd.
No redox changes attributable to cytochrome b559were observed in
the decay-associated spectra generated from these measurements.
Gaussian ﬁtting of decay-associated spectral data revealed a single
componentwith a peak at 555 nm,whichwas attributed to cytochrome
f reduction (Fig. S3).
3.1.3. DPI and antimycin A sensitivity
The requirement for exogenous Fd in the NADPH-associated
chlorophyll ﬂuorescence rise suggests the participation of ferredoxin:
NADP + oxidoreductase (FNR). This was tested by the addition of
10 μM diphenyleneiodonium chloride (DPI), a general ﬂavoenzyme
irreversible inhibitor [47], which abolished the Fnpr signal (Fig. 2). The
effect of DPI on the NADPH-dependent Fd:cytochrome c reductase
activity of puriﬁed spinach FNR was then investigated; enzymatic
activity was completely inhibited in the presence of 10 μM DPI (Fig. 3).
The effect of antimycin A on the kinetics of the NADPH-associated
ﬂuorescence rise in osmotically ruptured chloroplasts is presented in
Fig. 4. ‘Fractional activity’ for inhibition was calculated by measuring
the rate of the ﬂuorescence rise for a 30 s interval after NADPH addition
using a linear ﬁt. In agreement with the observation of others [24,29],
the NADPH-associated ﬂuorescence rise was antimycin A-sensitive,
Fig. 2. The effect of diphenyleneiodonium chloride (DPI) on Fnpr. The chlorophyll ﬂuores-
cence rise in osmotically ruptured spinach chloroplasts (20 μg Chl ml−1) was monitored
in the absence (blue) and presence (red) of 10 μM DPI. Addition of 100 μM NADPH is
indicated by the arrow. The assay buffer consisted of 10 mM HEPES (pH 7.6), 10 mM
MgCl2, 1 mM HA, 10 μM DCMU, 5 μM Fd. The initial saturating pulse (SP) prior to the
addition of 100 μM NADPH is not shown.
Fig. 4. The effect of antimycin A (AA) on Fnpr in osmotically ruptured spinach chloroplasts.
The effect of AA on Fnpr wasmeasured in the presence (○) and absence (□●) of 1mMHA,
10 mM DCMU. Fractional activity for inhibition was calculated from the gradient of the
linear portion of ﬂuorescence rise following normalisation to the maximum extent of
the rise. Osmotically ruptured chloroplasts were incubated with antimycin A for 1 min
prior to the addition of 100 μM NADPH. Assay conditions are otherwise identical to
those presented in Fig. 1(a).
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to 10 μM in the presence of 1 mM HA and 10 μM DCMU. Using puriﬁed
spinach FNR, no inhibition of NADPH-dependent Fd:cytochrome c
reductase activity was observed in the presence of 10 μM antimycin A
(Fig. 3), indicating that its site of action is not in FNR.
3.1.4. The redox properties of the Fnpr component
The Fnpr signal in the presence of NADPHwas quenched by the addi-
tion of an equimolar amount of NADP+, indicating that the Fnpr signal is
reversible and that NADPH must be predominantly reduced to initiate
it. This indicates that the Fnpr quencher is associated with a strongly
reducing redox carrier. Titration of the NADPH:NADP+ molar ratio (at
a constant NADPH concentration of 100 μM to control for mass action
effects) in osmotic lysis buffer supplemented with 5 μM Fd indicated
an apparent midpoint potential for the Fnpr component of b−340 mV
at pH 7.6 (Fig. 5) under aerobic- and anaerobic conditions. It is
important to note that the observed midpoint potential represents aFig. 3. The effect of inhibitors on spinach FNR activity. FNR turnover was monitored
spectrophotometrically as NADPH-linked Fd:cytochrome c reductase activity at 550
minus 542 nm. All experiments were performed in an assay buffer consisting of 50 mM
potassium phosphate (pH 7.5), 2 mM EDTA supplemented with 5 mM Fd. The FNR
concentration was approximately 1.5 μg ml−1. The reaction was initiated by the addition
of 100 μMNADPH. The kinetic data represented by the broken black linewere obtained in
the presence of 10 μM antimycin A (AA). The control experiment (performed in the
absence of AA) is shown in solid black. The broken grey line (+DPI) shows the effect of
10 μM DPI on FNR activity. The solid grey line (−FNR) shows the rate of non-enzymatic
cytochrome c reduction in the presence of NADPH and Fd. Please note the 10-fold increase
in absorbance scale in the lower two traces compared to the upper.minimum value as the maximum extent of the Fnpr rise is not known
(i.e. the redox titration is incomplete). The midpoint potential of this
quenching response was unaltered by the presence of 10 μM DCMU
and 1 mM HA.
3.1.5. Room temperature chlorophyll ﬂuorescence emission spectroscopy
To investigate the possibility that Fnpr originated fromphotosystem I
or associated antenna, room temperature chlorophyll ﬂuorescence
emission difference spectra were obtained upon the addition of
100 μM NADPH to osmotically ruptured chloroplasts (20 μg Chl ml−1)
in osmotic lysis buffer supplemented with 5 μM Fd. The experiment
was then repeated in the presence of 10 μMDCMU and 1mMhydroxyl-
amine (Fig. 6(a–b)). As an additional control, difference spectra were
obtained with osmotically ruptured chloroplasts upon addition of
10 μM DCMU in the absence of NADPH (Fig. 6(a–b)). Photosystem I-
attributable ﬂuorescence changes would be expected to occur in theFig. 5. Redox titration of Fnpr in osmotically ruptured spinach chloroplasts. The redox
titration of the Fnpr signal was performed at 21 °C by varying the ratio of [NADP+] to
[NADPH] at a constant NADPH concentration of 100 μM. NADP+ was added to the assay
buffer (10 mM HEPES, 10 mM MgCl2, 5 μM Fd, pH 7.6) prior to the addition of NADPH.
Chlorophyll concentration was 20 μg Chl ml−1. The amplitude of the Fnpr was measured
2min after NADPH addition. Filled- and open circles indicate data obtained under aerobic
and anaerobic conditions respectively. Eh was calculated from the Nernst equation,
assuming an Em,7.6 for NADPH of−338 mV. The Em,7.6 of−345 mV for the Fnpr obtained
from this plot represents a minimum value, as the maximum extent of the ﬂuorescence
rise is not known.
Fig. 6. Room temperature chlorophyll ﬂuorescence emission difference spectra.
Panel (a) room temperature chlorophyll ﬂuorescence emission difference spectra
obtained 2 min after the addition of 100 μM NADPH to osmotically ruptured spinach
chloroplasts (20 μg Chl ml−1) in the presence- (red spectrum) and absence (black
spectrum) of 1 mM HA, 10 μM DCMU respectively. The blue spectrum was obtained
upon addition of 10 μM DCMU to osmotically ruptured chloroplasts, in the absence of
NADPH. All differences were obtained in an assay buffer consisting of 10 μM HEPES
(pH 7.6), 10 mM MgCl2, 5 μM Fd. Spectra were normalised to the emission peak at
684 nm, and have been offset for clarity in this ﬁgure. Panel (b): overlay of spectra from
panel (a). The black dotted line shows the double difference chlorophyll ﬂuorescence
emission spectrum obtained from subtracting the blue spectrum (NADPH, HA, DCMU-
containing sample) from the black spectrum (NADPH only).
Fig. 7. (a) The effect of NADPH on the 77 K chlorophyll ﬂuorescence emission spectra of
ruptured spinach chloroplasts. Samples consisted of spinach chloroplasts (4 μg Chl ml−1)
in 10 mM HEPES (pH 7.6), 10 mMMgCl2, 5 μM Fd prior to- and 2 min after the addition
of 100 μM NADPH (broken- and solid lines respectively). Four absolute spectra were
averaged per sample before- and after NADPH addition, with four discrete samples used
to generate the data shown above. Spectra were normalised to the emission peak at
694 nm. (b) 77 K chlorophyll ﬂuorescence emission difference spectrum obtained on
NADPH addition (+NADPH minus no addition). The scale of the ordinate is multiplied
10× compared to that in panel (a). Peaks are labelled. Error bars correspond to the SD
(n = 16).
Fig. 8.Normalised ﬂuorescence induction curves obtained before (broken line) and 2 min
after (solid line) the addition of 100 μM NADPH to osmotically ruptured spinach chloro-
plasts (20 μg Chl ml−1). The assay buffer consisted of 10 mM HEPES (pH 7.6), 10 mM
MgCl2, 5 mM Fd. The application of the saturating pulse is indicated by ‘SP’.
1949N. Fisher, D.M. Kramer / Biochimica et Biophysica Acta 1837 (2014) 1944–1954long wavelength (740 nm) region of the spectra, but no signiﬁcant
differences were observed between the sets of difference spectra
under the conditions employed. As such, there was no evidence for
changes in PSI-associated variable ﬂuorescence on NADPH addition.
3.1.6. 77 K ﬂuorescence spectra
The effect of NADPH on the chlorophyll ﬂuorescence emission
spectra at 77 K was then examined (Fig. 7). Spinach chloroplasts were
diluted to 4.0 μg Chl ml−1 in osmotic lysis buffer (supplemented with
5 μM Fd) and ﬂuorescence emission spectra of samples were recorded
at 77 K before- and 2 min after the addition of 100 μMNADPH. Spectra
were normalised to the emission peak at 694 nm. Only minor changes
were observed in the 77 K ﬂuorescence emission spectra on NADPH
addition, namely a 4% decrease in the intensity of the ﬂuorescence
emission peak at 735 nm, a 1 nm hypsochromic (blue) shift and 2%
increase in intensity of the peak at 694 nm, and a slight broadening
and quenching (2%) of the peak at 685 nm. Addition of 10 μM DCMUresulted in a 2 nm hypsochromic shift of the 685- and 694 nm
peaks. As a consequence of the interference from this DCMU-induced
hypsochromic effect, 77 K spectra were not obtained in the presence
of hydroxylamine and DCMU.
3.2. The role of the PQ pool in Fnpr
3.2.1. Fluorescence induction analysis of PQ pool reduction
The complementary area between a chlorophyll ﬂuorescence induc-
tion curve and Fm obtained by a saturating pulse provides information
concerning the degree of reduction of the acceptor (PQ) pool [48–50].
The effect of NADPH addition on the redox status of the PQ pool in the
dark was investigated by this method. Fig. 8 displays the ﬂuorescence
induction curves obtained from osmotically ruptured spinach chloro-
plasts using a 400 ms saturating light pulse (620 nm) before- and 2
min after addition of 100 μM NADPH (in the presence of 5 μM Fd). The
area bounded by the ﬂuorescence induction curve and Fm was 48%
1950 N. Fisher, D.M. Kramer / Biochimica et Biophysica Acta 1837 (2014) 1944–1954smaller after the addition of NADPH, indicative of a partial reduction of
the PQpool in the dark by the addition of NADPH+Fd, butwith kinetics
approximately 1.5-fold slower than the reduction of the Fnpr quencher,
and comparable to the inter-system chain reduction kinetics discussed
below.
It is important to note that chlorophyll ﬂuorescence yield is inversely
(rather than linearly) related to the rate constant for quenchers [51,52].
This means that the weak Fnpr signal probably underestimates to some
extent the rate of NADPH-induced change in concentration. Thus the
Fnpr quencher is eliminated more rapidly than bulk PQ is reduced. Also,
despite its relatively high redox midpoint potential, the PQ reduction
was only partial at the end of the experiment, whereas the more
reducing Fnpr component was saturated. These results indicate that Fnpr
and PQ do not reach redox equilibrium over the time scale of minutes.3.2.2. Effect of tridecylstigmatellin
Oxidised quinones can act as quenchers of chlorophyll ﬂuorescence
through direct interactions with chlorophylls [53]. The native PQ pool
has been observed to act as an effective quencher in thylakoid prepara-
tions [54], although vacuum inﬁltration with DCMU is reported to be
necessary to induce PQ-mediated quenching in leaves [55]. To test if
the ﬂuorescence quencher associated with Fnpr could be attributed to
PQ quenching, we assessed the effects of tridecylstigmatellin (TDS), a
tightly-binding, competitive inhibitor of plastoquinol oxidation within
the cytochrome b6f complex [56,57] on the redox and light dependence
of Fnpr. Osmotically ruptured chloroplasts (20 μg Chl/ml)were incubated
on ice in osmotic lysis buffer with an excess of TDS (1 μM) for 5 min
prior to the addition of DCMU, HA, Fd and NADPH. The sensitivity of
the cytochrome b6f complex to stigmatellin under these conditions
was conﬁrmed by monitoring the retardation of the rate of P700+ re-
reduction (ΔA700 nm) following far-red excitation upon addition of
1 μM TDS in DCMU-inhibited chloroplasts in the presence of 100 μM
NADPH and 5 μM Fd (Fig. S4). However, TDS had no effect on the
kinetics of the NADPH-induced ﬂuorescence rise, nor the FR-induced
quenching and subsequent recovery (Fig. 9), indicating that the Fnpr
signal was independent of the activity of the cytochrome b6f complex
and by extension, the redox state of the bulk PQ pool.Fig. 9. The effect of tridecylstigmatellin (TDS) on Fnpr in osmotically ruptured spinach
chloroplasts. Assay conditions in the presence (upper trace) and absence (lower trace)
of 1 μM TDS are as in Fig. 1. All experiments were performed in the presence of 10 μM
DCMU, 1 mM HA. The osmotically ruptured chloroplasts were incubated with TDS for
5 min before the addition of 100 μM NADPH. The saturating pulse (620 nm) is indicated
by ‘SP’. The period of illumination by far-red light is indicated by ‘FR on’ and ‘FR off’.3.2.3. Comparison of the Fnpr and intersystem chain reduction kinetics
The reduction status of the thylakoid intersystem chain (i.e. the size
of the pool of reduced donors to PSI) in the presence of NADPH, Fd and
DCMU can also be assessed by monitoring the kinetics of P700 oxidation
by far-red illumination [20,58], varying the duration of the dark interval
between periods of PSI excitation. Turnover numbers in the order of
50–200 s−1 have been reported for the cytochrome b6f complex in
thylakoid preparations, and so this enzymatic activity is unlikely to be
limiting for P700+ re-reduction under the conditions employed here
[59]. The oxidation kinetics of the intersystem chain by P700+ during
far-red actinic illumination (Fig. 10(a–c)) were compared with the Fnpr
kinetic data from Fig. 1(a). Reduction of the intersystem carriers in the
presence of 100 μMNADPH and 5 μM Fd (with 10 μM DCMU and 1 mM
HA) was approximately 1.5-fold slower than that observed for Fnpr
under equivalent conditions,with respectivehalf-times of 35 and20 s, de-
spite the fact that the intersystem pool carriers have amuch higher redox
potential than the Fnpr component, conﬁrming a lack of redox equilibrium
between these components over the minutes time scale.
4. Discussion
We present a systematic investigation of the Fnpr signal in vitro, to
test its functional and physiological implications. Our results are clearly
at odds with the accepted (and expected) model in which Fnpr reﬂects
the reduction of PQ by the CEF-related plastoquinone reductases.
Multiple lines of evidence show that the major Fnpr component in
isolated thylakoids does not rapidly equilibrate with the redox state of
the PQ pool, and therefore does not directly reﬂect the CEF-associated
PQ reductase activity. Notably, Fnpr is unaffected by treatments that
should alter the redox state of the PQ pool, including the addition of
TDS together with illumination by far-red or red light, or the addition
of DCMU and HA (Figs. 1 and 9) which should prevent PQ from binding
to the QB site and inhibit the oxidation of photoreduced QA. Also, the
kinetics of the ﬂuorescence rise are faster than those inferred for
the (non-LEF) in vitro reduction of the thylakoid intersystem chain
obtained by measuring the rate of P700 oxidation in the presence of
NADPH, Fd, DCMU and hydroxylamine. In addition, the redox potential
of the Fnpr component estimated by redox titrationwithNADP+/NADPH
(Fig. 5) was approximately −340 mV (a minimum value), far too
negative to be effectively reduced by bulk PQ.
The sensitivity of the Fnpr signal to assay conditions (Fig. 1(a)) and
inhibitors (Figs. 2 and 4) reported here is in agreement with previous
work [15,22] on the requirement for Fnpr for Fd that is reduced through
the activity of FNR ([24,25], see Figs. 2 and 3). Taken together, these
results place the Fnpr redox component within PSII or associated
complexes, most likely a low potential form of QA that is directly
reducible by Fd (represented in model form in Fig. 11). Because Fnpr
does not appear to rapidly reduce the PQ pool, this putative QA
population should be associated with PSII centres lacking functional,
or otherwise modiﬁed, QB sites.
We also conﬁrm the antimycin A sensitivity of the Fnpr signal [15,24],
which has been assumed to be a direct consequence of PQR inhibition
[12,60]. However, multiple effects have been ascribed to the interaction
of antimycin A and the thylakoid electron transfer chain, and the mech-
anism of action of this inhibitor on photosynthetic processes is poorly
understood. Aside from acting as a PQR-dependent CEF inhibitor,
antimycin A has been proposed to diminish qE through either LHCII dis-
aggregation or protonophoric activity [61–63] to act as an ADRY reagent
[64] and to inhibit cytochrome b559 photoredox chemistry [65,66]. Ad-
ditionally, relatively high (micromolar) concentrations of antimycin A
are required for inhibitory effect on photosynthetic processes [12,13].
It thus seems likely that antimycin A has multiple (or even global) ef-
fects on photosynthesis, and thus ascribing functional signiﬁcance to
any one process may be misleading.
Intriguingly, we note that the apparent IC50 for antimycin A activity
on the NADPH-associated ﬂuorescence rise increases approximately
1951N. Fisher, D.M. Kramer / Biochimica et Biophysica Acta 1837 (2014) 1944–1954ﬁve-fold higher in the presence of DCMU and hydroxylamine (Fig. 4),
most likely reﬂecting changes the inﬂuence of conformational or
redox changes in PSII on Fnpr. We hypothesise that antimycin A inhibits
(either directly or through secondary effects on supercomplex organisa-
tion) the interaction between reduced Fd and its low potential acceptor
within PSII, in a comparatively weak competitive- or non-competitive
manner. This proposed interaction between antimycin A and PSII is
compatible with the observations of the apparent chaotrophic effect of
antimycin A on photosystem organisation by Oxborough and Horton
[61], or the ADRY phenomenon noted by Yerkes and Crofts [64].
4.1. Relationship to the question of QA redox potentialFig. 10. (a) P700 oxidation kinetics in osmotically ruptured spinach chloroplasts in the
presence of DCMU, hydroxylamine and NADPH. The downward- and upward arrows
indicate the application and removal of far-red actinic illumination. P700 oxidation was
measured at 700 nm. Two representative kinetic traces are shown with varying duration
of the third dark period (grey trace, tdark = 25 s, indicated by the single asterisk; black
trace, tdark = 50s, indicated by the double asterisk). The assay buffer consisted of 10 mM
HEPES (pH 7.6), 10 mMMgCl2, 5 μM Fd, 1 mMHA, 10 μM DCMU. Chlorophyll concentra-
tion was 40 μg Chl ml−1. The yellow and green shaded areas are indicators of the size of
the pool of reduced electron donors to P700+ . The size of these shaded areas was measured
by integration (Kaleidagraph, Synergy Software Inc.). (b) Expansion and overlay of the
P700 oxidation kinetics for the third dark period from panel (a). Grey circles indicate ΔA
700 for tdark=25 s, black circles correspond to tdark=50s. The downward arrow indicates
the application of far-red illumination. (c) Comparison of the Fnpr kinetics (solid line) and
the size of the pool of reduced ISC donors to P700+ as a function of time (broken line). The
Fnpr kineticsmeasurementswereperformedwith the same chloroplast preparation as that
used for (and in concert with) theΔA 700measurements. The error bars indicate the stan-
dard deviation (n = 3).There is a large degree of variation in reported literature values for the
midpoint potential of QA. Early work measuring chlorophyll
ﬂuorescence yield changes as a function of redox potential reported
two midpoint potentials at −270 and −35 mV [67–69]. Additional
studies, mostly with eukaryotic material, conﬁrmed the presence of a
quencher with a midpoint potential of approximately−275 ± 50 mV,
with a second quenching species with a midpoint potential of around
0 ± 100 mV (reviewed by [68]). These data were obtained under a
variety of conditions from a number of different species, in the
presence- and absence of inhibitory treatments and exogenous redox
mediators (which may act as chlorophyll ﬂuorescence quenchers,
or affect the Em of QA via QB antagonism [70,68]), hindering direct
comparison. More recent studies with PSII-enriched samples report
midpoint potentials of approximately −160 mV and −80 mV for
spinach QA[68,69]. The presence of a low potential variant of QA, and
associated PSII structural heterogeneity, was also inferred from redox
titration of the photoinduced EPR spectrum of pheophytin in spinach
chloroplast preparations [71].
It is also clear that the midpoint potential of QA is sensitive to the
nature of the occupant within QB site and the functional status of the
oxygen evolving complex [72–75] as well as local structural (electro-
static and hydrogen-bonding) perturbation [76,77]. This sensitivity
of QA redox potential may extend to the physiologically relevant
phosphorylation of D1 protein involved in post-photoinhibition repair
([78] and references therein). In turn, D1 phosphorylation may, in
part, contribute to the phenomenon of ‘QB-non-reducing’ (or ‘inactive’)
centres, which are estimated to form 5–10% of the PSII population in
non-stressed plant material [79,80]. To our knowledge, the redox
potential of QA has not beenmeasured in phosphorylated PSII, although
it seems likely that it would be affected by a change in the local electro-
static environment.4.2. QB-bypassing electron transfer between QA and stromal redox partners
Inspection of the atomic structure of Thermosynechococcus vulcanas
PSII [81] reveals a separation of 6.5 Å from theplastoquinoneheadgroup
of QA to the stromally-exposed DE loop of D1, the proposed target site
for DegP2 (and FtsH) protease activity [82,83].We note that on distance
dependency constraints the proximity of QA to the stromal phasewould
allow a QB-bypassing electron transfer shunt on the millisecond time-
scale if the formation of the encounter complex is energetically
favourable [84]. QB bypass reactions to soluble acceptors are not
unprecedented; the magnesium-dependent oxidation of QA− in
DCMU-inhibited spinach chloroplasts by ferricyanide has a second
order rate constant of 30 M−1 s−1 at pH 7.6 [85,86]. DCMU-
insensitive photoreduction of exogenous cytochrome c, with concomi-
tant oxygen evolution, has been observed in genetically modiﬁed
Synechocystis PCC 6803 PSII preparations containing the D1-Lys238Glu
mutation [87]. This residue is located at the edge of a cluster of positive
Fig. 11.Workingmodel for the Fnpr phenomenonwithin the thylakoidmembrane. NADPH-reduced Fd reduces a low potential variant of QA (QA‘LP’) within PSII. Only a small population of
photocentres are reducible in thismanner. Redox components not associatedwith the Fnpr are scored out in red. Electron transfer stoichiometry is not shown. Sites of inhibition byDPI and
(putatively) antimycin A (AA) are indicated. Cytochrome b559, plastoquinone, plastocyanin (ferredoxin):plastoquinone reductase and ferredoxin:NADP+ reductase are abbreviated as
b559, PQ, Pc, PQR and FNR respectively.
1952 N. Fisher, D.M. Kramer / Biochimica et Biophysica Acta 1837 (2014) 1944–1954electrostatic potential at the surface of D1 approximately equidistant
between QA and QB, with a closest approach to QA of 15 Å. This modiﬁ-
cation was observed to be photoprotective in vitro in the presence of
oxidised cytochrome c. Similarly, in a recent study by Zhang et al. [88],
a QB-bypassing electron transfer reaction in native cyanobacterial PSII
to a soluble ﬂavoprotein complex is posited as a photoprotective
mechanism.
This probable location of the Fnpr component is compatible with PSII
centres participating in the photorepair cycle [89]. For steric reasons,
access of Fd to QA would be restricted to non-appressed (stromal)
regions of the thylakoid membrane, probably on the granal margins.
PSII ‘β’centres, which are considered to be excitonically disconnected
from other photosystems, are also proposed to be located within the
stromal lamellae [90]. As a whole, only a minor fraction of the total
PSII population would be accessible to Fd, as observed. We note that
the NADPH-associated ﬂuorescence rise is magnesium-dependent [24].
Whilst thylakoids prepared in the absence of exogenous Mg2+ are
expected to be unstacked [91] and the PSII likely accessible to Fd, the
strongly anionic nature of Fd (pI = 3.9, spinach Fd) may necessitate
electrostatic screening by cations for formation of the encounter
complex for photosystem interaction.4.3. On the phenomenon of Fnpr quenching during red or far-red illumination
Application of far-red light to Fd + NADPH-treated thylakoids leads
to a reversible quenching of ﬂuorescence (Fig. 1(a)). The obvious inter-
pretation of this effect is that activation of PSI photochemistry results in
the oxidation of plastoquinol reduced by NADPH. However, we present
three lines of evidence that this interpretation is incorrect. First,
the effect is insensitive to saturating (micromolar) concentrations of
tridecylstigmatellin, a potent inhibitor of plastoquinol oxidation by the
cytochrome b6 f complex. Second, the quenching is unaffected by the
presence of hydroxylamine and DCMU, inhibiting Q A− oxidation. Finally,
the effect is similar with red or far-red illumination and thus cannot
be attributed to preferential excitation of PSI. We conclude that the
quencher is not associated with photosystem I-mediated photooxida-
tion of the PQ pool.
Within PSII, P680+ itself and the photooxidizable carotenoid (Car)
and ChlZD1 components of the ‘secondary’ electron transport chain
can act as quenchers of chlorophyll ﬂuorescence. This chain is pro-
posed to reduce P680+ via cytochrome b559 when the donor side is
inhibited, using electrons from QB or the PQ pool, such as may
occur following damage to the OEC [46,92]. P680+ is a highly
oxidising species (Em,7 ≥ +1.2 V) with a sub-millisecond lifetimein the presence of millimolar hydroxylamine (which serves as a
Tyrz reductant) [93,94], and so is unlikely to be a contributory factor
to the initial Fnpr rise kinetics in Fig. 1(a) (lower trace). We cannot
exclude the participation of P680+ in the Fnpr quenching response in-
duced by red- or far-red illumination as this species is a very efﬁ-
cient oxidant of QA− [93]; the rate constant for P680+/QA−
recombination has been reported to be 6000 s−1 in manganese-
depleted spinach thylakoids [95]. Recombination between (light-in-
duced) Car+/ChlZD1+ and Q A− is likely to proceed much more slowly
due to distance constraints (c. 40 Å separation) [96].
These ﬂuorescence quenching results are at ﬁrst sight similar to
those described by Klimov et al. [97] who demonstrated that chloro-
phyll ﬂuorescence was quenched by photoaccumulation of reduced
pheophytin in pea subchloroplast particles in the presence of reductant.
However, the red/far-red quenching phenomenon observed in the
current study was unaffected by high concentrations (N10 mM) of HA
(Fig. S2), conditions under which the oxygen-evolving complex is
predicted to be depleted of manganese. Alteration of the PSII donor
side in thismannerwould therefore be expected to affect the thermody-
namics [98] and kinetics [99] of the system and subsequent quenching
kinetics observed during red/far-red illumination. We thus conclude
that the quenching is not related to pheophytin reduction in the bulk
of PSII centres. On the other hand, the data presented above shows
that the Fnpr signal likely originates in a subpopulation of PSII centres
with inactive QB sites, and it is likely that they also possess modiﬁed
oxygen evolving complexes. We therefore suggest that the red/far-red
quenching is related to the accumulation of yet unidentiﬁed quenching
states in these special centres.4.4. On the Fnpr signal as an assay for CEF
There is strong evidence that the Fnpr signal as observed as the post-
illumination ﬂuorescence rise in vivo is associated with the activity of
the NDH complex and thus with the CEF or chlororespiration [10,26,
27]. However, only a small fraction of the signal seen in vitro can be
attributed to NDH activity, speciﬁcally the small residual signal in the
pgr5 mutant that is sensitive to the expression of NDH [26,29]. The
loss of this signal, and the sluggishness of the rate of PQ pool reduction
(Fig. 10(c)) (see also [22–24]), compared to ~10-fold higher rates of CEF
estimated to occur under some conditions in vivo [18,19,31], are consis-
tent with a loss in NDH-related PQ reductase activity upon isolation of
thylakoids. This phenomenon is likely to be of physiological importance,
representing either loss of an enzymatic component or the action of a
CEF regulatory system (see also [32]).
1953N. Fisher, D.M. Kramer / Biochimica et Biophysica Acta 1837 (2014) 1944–1954The Fnpr signal seen in isolated thylakoids has been attributed to the
activity of the PGR5-related CEF [15,29]. The conclusion (above) that
the in vitro Fnpr signal is not associated with the reduction of the bulk
PQ pool and thus unlikely to be directly involved in CEF, complicates
the interpretation of some past results. The major photosynthetic phe-
notype of pgr5 is a general loss of light-driven proton gradient and the
decrease in amplitude of the Fnpr signal in pgr5 was taken as critical
support for the direct involvement of PGR5 in the “main” pathway for
CEF [15,29]. However, it is clear that CEF can proceed in the absence
of PGR5 [19,21,100] and an alternative interpretation has been pro-
posed wherein the loss of proton gradient in this mutant results not
from changes in CEF but in the loss of control of regulation of the chlo-
roplast ATP synthase [18,21]. The pgr5mutant appears pleiotropic with
effects on several photosynthetic processes as well as thylakoid ultra-
structure [101]. It is also clear that the thylakoid electron transfer
chain in pgr5 is prone to over-reduction with subsequent effects on
photoprotection and PSI photodamage [18,19,21,32]. It is thus unclear
whether the apparent inhibition of the Fnpr component is a cause or
an effect of the pgr5 mutation. Moreover, we conclude that, by itself,
the Fnpr signal as observed in vitro in thylakoids or osmotically ruptured
chloroplast preparations on addition of Fd and NADPH should not be
considered a useful reporter for CEF activity and likely results from
the direct reduction of a subpopulation of QA by ferredoxin in an
antimycin A-sensitive process.
Supplementary data to this article can be found online at http://dx.
doi.org/10.1016/j.bbabio.2014.09.005.
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